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Abstract
Swine diet formulations have the potential to lower animal 
emissions, including odor and ammonia (NH3). The purpose of this 
study was to determine the impact of manure storage duration 
on manure chemical and microbial properties in swine feeding 
trials. Three groups of 12 pigs were fed a standard corn–soybean 
meal diet over a 13-wk period. Urine and feces were collected at 
each feeding and transferred to 12 manure storage tanks. Manure 
chemical characteristics and headspace gas concentrations 
were monitored for NH3, hydrogen sulfide (H2S), volatile fatty 
acids, phenols, and indoles. Microbial analysis of the stored 
manure included plate counts, community structure (denaturing 
gradient gel electrophoresis), and metabolic function (Biolog). 
All odorants in manure and headspace gas concentrations were 
significantly (p < 0.01) correlated for length of storage using 
quadratic equations, peaking after Week 5 for all headspace 
gases and most manure chemical characteristics. Microbial 
community structure and metabolic utilization patterns showed 
continued change throughout the 13-wk trial. Denaturing 
gradient gel electrophoresis species diversity patterns declined 
significantly (p < 0.01) with time as substrate utilization declined 
for sugars and certain amino acids, but functionality increased 
in the utilization of short chain fatty acids as levels of these 
compounds increased in manure. Studies to assess the effect of 
swine diet formulations on manure emissions for odor need to 
be conducted for a minimum of 5 wk. Efforts to determine the 
impact of diets on greenhouse gas emissions will require longer 
periods of study (>13 wk).
Microbial Community and Chemical Characteristics of Swine 
Manure during Maturation
Steven L. Trabue,* Brian J. Kerr, Bradley L. Bearson, Manhoi Hur, Timothy Parkin,  
Eve S. Wurtele, and Cherrie J. Ziemer
Feed ingredients that are not completely digested or fully utilized in the body for nutritional benefit are excreted in the urine and feces (Kerr, 2003; Le et al., 2005; 
Aarnink and Verstegen, 2007) and accumulate in manure storage 
systems. Microbial fermentation of dietary proteins (nitrogen) 
and carbohydrates (carbon) during manure storage results in the 
formation of products such as volatile fatty acids (VFAs), ammo-
nia (NH3), hydrogen sulfide (H2S), phenols, indoles, and green-
house gases (GHGs) (Mackie et al., 1998; Cotta et al., 2003; Le 
et al. 2005). It is these fermentation products that are largely 
responsible for odor associated with manure storage systems 
(O’Neill and Phillips, 1992). Field studies of odor transport off 
site have shown that VFAs, phenols, indoles, and amines, along 
with reduced sulfur compounds, are significant contributors to 
odor downwind (Zahn et al., 1997; Wright et al., 2005; Feilberg 
et al., 2010; Trabue et al., 2011). Odor from swine production 
facilities is a significant air quality issue at the local level because 
it affects quality of life (Wing and Wolf, 2000; Schiffman and 
Williams, 2005) and potential property values of residents in 
close proximity to a facility (Palmquist et al., 1997), which cre-
ates animosity and mistrust between the producers and local 
residents.
Most odor control approaches have focused on mechanical 
control of air emissions or waste treatment, both of which can 
add enormous cost to producers, especially if buildings housing 
the animals need to be retrofitted. An alternative noninvasive 
approach to controlling odors and emissions is to target diet for-
mulations for reducing nutrient excretion and, by inference, gas 
emissions. This approach has been shown to have promise in low-
ering emissions (Canh et al., 1998a,b,c; Mroz et al., 2000; Shriver 
et al., 2003; Panetta et al., 2006; Ziemer et al., 2009), but studies 
investigating the effects of diet formulation on manure and gas 
emissions have used a wide range of manure collection and stor-
age methodologies (Canh et al., 1998b,c; Gralapp et al., 2002; 
Miller and Varel, 2003; Otto et al., 2003; Portejoie et al., 2004; 
Clark et al., 2005; Miller et al., 2006; Panetta et al., 2006; Le et 
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ATMOSPHERIC POLLUTANTS AND TRACE GASES
TECHNICAL REPORTS
Core Ideas
•	 Emissions of odorants from manure stabilized after 5 wk in a 
swine feeding trial.
•	 Microbial numbers and species diversity declined significantly 
with manure storage.
•	 Manure chemical properties influence the microbial commu-
nity metabolic functions.
•	 Emissions of GHG from manure never stabilized throughout the 
13-wk feeding trial.
Published July 7, 2016
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al., 2008; Leek et al., 2007). One particular area of concern is the 
duration of manure storage because the microbial ecology and 
compounds found in fresh feces are vastly different from those 
detected in manure that has “aged” for even short periods of time 
(O’Neill and Phillips, 1992; Hobbs et al., 1996; Gralapp et al., 
2002; van Heugten and van Kempen, 2002; Ziemer et al., 2009). 
Understanding how manure changes chemically and microbio-
logically with storage duration is important for designing studies 
that seek to evaluate the role diet formulation has on emissions.
Previous research from our group demonstrated the impact 
of dietary effects on manure composition (Kerr et al., 2006) and 
microbial ecology (Ziemer et al., 2009). The results of those stud-
ies were the basis of this study because manure NH3 and VFA 
(i.e., the sum of acid from C2 to C7) continued to increase lin-
early (p < 0.01) over the 8-wk feeding trial, failing to plateau by 
Week 8 (Supplemental Fig. S1). Consequently, we extended this 
study over a longer time frame (13 wk) to determine if manure 
and air indices stabilized over time.
The purpose of this study was to determine how manure 
changes with duration of storage for evaluating when manure 
constituted “typical” manure found at a production facility. In 
a previous published article (Trabue et al., 2011), our group 
reported the odor emissions from a feeding trial in which odor 
was quantified using human panels and chemical analysis. In that 
report, odor concentrations stabilized after 5 wk (Trabue et al., 
2011). The purpose of this new report based on data generated 
in the same study is to present the chemical and microbiological 
characteristics of stored manure along with headspace gas con-
centrations. This report presents new information on chemical 
characteristics of stored manure and microbial community char-
acteristics analysis of stored manure as it relates to the duration 
of storage and “typical” field manure.
Materials and Methods
General
All procedures involving animal handling were approved by 
the Iowa State University Animal Care and Use Committee. 
Many details on animal management and gas analyses were pre-
viously published (Trabue et al., 2011) and are provided in the 
Supplemental Information.
Animal and Manure Management
In this study, three successive groups of 12 finishing gilts 
over a 13-wk period were fed a standard corn–soybean meal 
diet typical for pigs of this body weight (Supplemental Table 
S1) and formulated to be adequate in all nutrients (NRC, 
1998). Gilts in each group of 12 pigs were individually housed 
in metabolism cages from which urine and feces were collected 
daily and added to 12 different manure storage tanks assigned 
to each metabolism cage. Each tank was considered an experi-
ment unit, and each tank received feces and urine from one pig 
in each of the three groups of pigs over the study period (n = 36 
pigs). Room temperature was maintained at 21°C, and animals 
were allowed free access to feed and water. Pigs were fed twice 
daily (0700 and 1900 h) an amount of feed that approximated 
3% of their body weight. Gas sampling was obtained before 
manure mixing, and manure samples for composition analysis 
were obtained after mixing each tank with a 15-cm stainless 
steel propeller for 3 min at 250 rpm to eliminate manure strati-
fication (Ndegwa et al., 2002).
Gas Analyses
Reduced Sulfide Analysis
Headspace gas concentrations for reduced sulfide (H2S) for 
each manure tank were collected in 10-L Tedlar bags using a 
vacuum sampling pump (Model 1062, Sigma-Aldrich) and held 
overnight before analysis. Captured air was analyzed with an 
H2S analyzer (API Model 101E, Teledyne Technologies, Inc.). 
The instrument was calibrated using a 100 mL L-1 H2S reference 
gas certified with an accuracy of at least ±5% and a tolerance 
blend of ±5% (ILMO Specialty Gas). Gas standard concentra-
tions were diluted using a Model 4020 diluter (Environics, Inc.).
Ammonia
Headspace gas concentrations for NH3 for each manure tank 
were collected by pulling air through a 15-mL 0.1 mol L-1 phos-
phoric acid solution in a 40-mL glass impinger (Sigma-Aldrich) 
with a fritted glass end at 200 mL min-1 using a diaphragm 
vacuum pump (Model N.85.3 KNI, KNF Neuberger, Inc.) con-
trolled by a mass flow controller (Mass Trak, Sierra Instruments, 
Inc.). The total volume of air collected was 5 L of headspace air. 
The phosphoric acid solution was analyzed for NH3 using the 
QuickChem 8500 flow injection analyzer (Lachat Instruments, 
Hatch Co.) using QuickChem method 12-107-06-2-A.
Volatile Organic Compounds
Headspace gas concentrations for volatile organic com-
pounds were collected on sorbent tubes for thermal desorption 
(TDS) gas chromatography/mass spectrometry analysis using a 
procedure developed in Trabue et al. (2010). Headspace samples 
were collected at 100 mL min-1 for 12 L using a field gas sampler 
(GS 301, Gerstel, Inc.). Sorbent tubes were analyzed by TDS 
using an Agilent 6890N GC (Agilent Technologies, Inc.) with 
5973N inert mass selective detector (Agilent Technologies). The 
GC systems used a Gerstel TDSA (Gerstel, Inc.) as its TDS unit, 
equipped with programmed temperature vaporizer inlet (CIS 4, 
Gerstel, Inc.). The mass spectrometer was operated in selective 
ion monitoring/scan mode. Compounds were identified using 
mass spectra and retention times of reference standards. Standard 
curves for each compound were based on at least a five-point cali-
bration curve for the mass selective detector using a linear regres-
sion with inverse concentration weighing of calibration points.
Nitrous Oxide and Methane
Headspace gas concentrations for nitrous oxide (N2O) and 
methane (CH4) were obtained as described by Arnold et al. 
(2001) and Kerr et al. (2006). Gas samples were collected with 
a 10-mL polypropylene syringe through rubber stoppers in the 
tops of the tanks. Gas samples were analyzed on a gas chromato-
graph (Model GC17A, Shimadzu) equipped with a 63Ni electron 
capture detector (N2O) and a flame ionization detector (CH4).
Manure Analyses
Manure temperature was measured using a thermocouple 
thermometer (Fluke 51-Series II, Fluke Corp.), pH was measured 
using a pH meter (Model 530, probe #476436, Corning Inc.), 
and conductivity was measured using a portable meter (Thermo 
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Orion 3-Star meter, conductivity electrode #013005MD, 
Thermo Scientific). Manure total ammoniacal nitrogen was ana-
lyzed using an ammonium probe (Thermo Orion Meter 290A+, 
probe #9512) that was previously described in Trabue and Kerr 
(2014). For manure sulfide, a S-2 probe (Thermo Orion Meter 
290A+, probe #9616) was used to quantify sulfide levels as pre-
viously described in Trabue and Kerr (2014).
Manure VFAs, phenols, and indoles were analyzed as previ-
ously discussed in Kerr et al. (2006). Briefly, 4 g of manure was 
added to a 15-mL polypropylene centrifuge tube along with 1 
mL of high-performance liquid chromatography–grade water 
and 5 mL of high-performance liquid chromatography–grade 
acetone. Tubes were sonicated for 15 s, and 100 mL of o-phos-
phoric acid added, vortexed, and centrifuged at 21,000 × g for 
23 min at 4°C. The supernatant was filtered through a 0.2-mm 
syringe filter and analyzed on a gas chromatograph (Agilent 
Technologies, Inc.) equipped with flame ionization detector (see 
Kerr et al. [2006] for instrument details).
Microbial Analyses
Before microbial analysis, manure samples were diluted seri-
ally (from 100 through 10-8) in half-strength peptone water (all 
microbiological media were obtained from Fisher Scientific) 
using an automated plater (Whitley Spiral Plater, DW Scientific, 
Inc.). Total anaerobes were determined by counting colonies 
from 10-8 to 10-5 dilutions on Wilken-Chalgren agar after incu-
bation for 5 d at 37°C with an anaerobic atmosphere and total 
aerobes by counting colonies from 10-6 to 10-3 dilutions on 
nutrient agar after incubation for 2 d at 37°C. Gram-positive and 
Gram-negative bacteria were estimated by addition of naladixic 
acid and vancomycin, respectively, to agar medium, and counts 
were determined as above. All plates were read using a plate 
reader (ProtoCel, Synbiosis, Inc.).
Denaturing gradient gel electrophoresis (DGGE) was used 
to obtain a profile of dominant bacteria in the fresh fecal and 
manure samples. Nucleic acids were extracted according to the 
procedure of Yu and Morrison (2004a,b), with three replicate 
extractions pooled. The PCR primers for DGGE DNA amplifi-
cation targeted the variable part of the 16S ribosomal RNA gene 
(V3 region) 357f-gc (CCT ACG GGA GGC AGC AG–CGC 
CCG GGG CGC GCC CCG GGC GGG GCG GGG GCA 
CGG GGG G) and 519r ATT (ACC GCG GCK GCT GG) 
(Yu and Morrison, 2004a,b). For amplification using a Dyad 
Thermal Cycler (MJ Research Inc.), each 50-mL reaction mix 
contained final concentrations of 80 ng mL-1 DNA template and 
1 mmol L–1 of each primer with 1.25 U FailSafe PCR Enzyme 
Mix plus 25 mL FailSafe PCR PreMix D (Epicenter). The ampli-
fication parameters included an initial denaturing step for 5 min 
at 94°C, 10 cycles of touchdown PCR run for 30 s at 94°C, 30 
s annealing with 0.5°C/cycle temperature decrease (61–56°C), 
and extension for 1 min at 72°C followed by 25 cycles of 30 s at 
94°C, 30 s at 56°C, and 1 min at 72°C followed by 7 min at 72°C 
for final elongation (Yu and Morrison, 2004a,b).
A Model 475 Gradient Delivery System (BioRad) was used 
to pour DGGE gels with 35 to 50% urea-formamide denatur-
ing gradients (100% denaturant is defined as 7 mol L–1 urea and 
40% formamide). Gels were 10% polyacrylamide (37.5:1 acryl-
amide/bisacrylamide) in 0.5 × Tris-acetate–EDTA buffer (pH 
8.0). Gels were allowed to polymerize at least 4 h before use. 
Denaturing gradient gel electrophoresis was performed using the 
BioRad Dcode Universal Mutation Detection System (BioRad) 
with 10-mL aliquots of cleaned PCR products (plus 10 mL load-
ing buffer) electrophoresed at 100 V with 400 mA for 16 h in 
0.5 × TAE buffer at a constant temperature of 60°C. Gels were 
stained with SYBR Gold (Invitrogen) for 40 min according to 
the manufacturer’s instructions and photographed with a Kodak 
Image Station 4000MM Pro (Carestream Health, Inc.).
Final gel image processing, band numbers per sample, and 
cluster analysis of DGGE banding patterns were performed 
using BioNumerics software (Applied Maths). Bands were 
counted if they were at least 5% of the strongest band in each 
lane after normalization of gels. Constructed trees (using Dice 
similarity coefficients and unweighted pair group method with 
arithmetic means) show groupings of samples by similarity in 
banding patterns using UPGMA as the clustering method, 
optimization of 10%, tolerance of 1%, and tolerance change 
of 1%. Diversity indices were calculated: species richness (S¢ 
was determined by the number of bands; the Shannon–Wiener 
index (H¢) as H¢ = -åPilnPi with Pi equal to ni/N, where ni is 
the peak height of a band and N is the sum of all peak heights 
in the densitometric curve; and evenness (E¢ as E = H¢/H¢max, 
where H¢max = ln S (Yu and Morrison, 2004a,b). Species rich-
ness represents the total number of different species present in 
the sample; H¢ accounts for species richness and the proportion 
of each species within a sample, and E measures how similar 
the abundances of different species are in the sample (an even-
ness of 1 occurs when the proportions of all subspecies are the 
same).
Metabolic Fingerprinting
For determination of metabolic fingerprinting, 14 mL of 
manure (1:1000) was inoculated into AN-IF (Biolog) inoculat-
ing fluid. The inoculated AN-IF tube was mixed several times by 
gentle inversion. Each well of an EcoPlate and AN MicroPlate 
(Biolog) was filled with 100 mL of the AN-IF inoculating 
fluid. Plates were incubated for 6 d at 37°C in an AnaeroPack 
System 2.5-L rectangular jar (Mitsubishi Gas Chemical Co., 
Inc.) using the Pack-Anaero anaerobic gas generating system. 
After incubation, the EcoPlate and AN MicroPlate were read 
using a MicroStation and MicroLog software (Biolog). Cluster 
analysis of these metabolic fingerprints was completed using 
BioNumerics software.
Principle component analysis was performed on the meta-
bolic fingerprint data obtained at Weeks 5, 9, and 13 with the 
EcoPlate and AN MicroPlate. The procomp function in R ver-
sion 3.0 (R Development Core Team, 2008) was used to perform 
the principle component analysis. In the procomp function the 
option for centered data was applied; the vector of scale factors 
was not applied. A score plot was generated for each dataset 
based on the distribution of the data.
Statistical Analysis
The individual manure tank was considered the experimental 
unit, with data subjected to ANOVA (SAS Institute, 2011) and 
means reported as LSMEANS. Linear and quadratic effects were 
evaluated relative to the week of sampling if the overall effect of 
week was significant (protected F test).
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Results and Discussion
Manure Tank Design
The manure collection vessel used in this trial was designed to 
simulate manure storage on a commercial swine facility with the 
collection of urine and feces for multiple months. In reviewing 
past literature, a tremendous range of experimental conditions 
was observed, including collection container size, sampling of 
fresh or aged manure, analysis of manure that had been freshly 
obtained or stored for some period without continual addition 
of fresh urine and feces, and a wide range in surface areas and 
depths (Canh et al., 1998a,b,c; Mroz et al., 2000; Gralapp et al., 
2002; Miller and Varel, 2003; Otto et al., 2003; Portejoie et al., 
2004; Clark et al., 2005; Panetta et al., 2006; Le et al., 2007; Leek 
et al., 2007; Li et al., 2011; Spiehs et al., 2012). We used tanks 
that had surface area of 0.73 m2 pig-1, whereas typical swine facil-
ities average 0.76 m2 pig-1. Typical pit depths in the US swine 
industry range from 0.5 to 1.8 m; our tanks are 0.61 m in depth. 
Our test system was also designed to receive fresh feces and urine 
because the microbial ecology in “fresh” manure is different than 
aged manure (Ziemer et al., 2009) and because as manure ages 
in the barn there is a stratification process (Ndegwa et al., 2002) 
that affects the microbial ecology (Mannion et al., 2007; Spiehs 
et al., 2013) and potentially gas emissions (Shabtay et al., 2009; 
Eriksen et al., 2010; Moreno et al., 2010). Consequently, we 
added urine and feces as obtained from each pig, twice daily, to 
reflect what would occur in modern production facilities.
Manure and Gas Composition
Figure 1A shows changes in NH3 concentrations for manure 
and air, with NH3 in manure increasing until plateauing at 
around Week 7, resulting in a quadratic (P < 0.01) response 
over the 13-wk time frame. Manure NH3 concentrations peaked 
between Weeks 5 and 7 at 4500 and 5200 mg g-1, respectively, 
similar to literature values of 1500 to 5600 mg g-1 (Leek et al., 
2007; Chantigny et al., 2009; Lee et al., 2013; Morazan et al., 
2014; Szogi and Vanotti, 2014; Zarebska et al., 2014). Headspace 
gas concentrations of NH3 increased over time (quadratic; P < 
0.01), appearing to plateau by Week 5, with no further increases 
thereafter (Fig. 1A). Our results are similar to Spiehs et al. 
(2012), who reported that NH3 concentrations increased during 
the course of a 10-wk trial. Evaluating their data suggests that the 
largest increase in NH3 was at Week 5, with only slight increases 
noted thereafter.
Manure sulfide concentrations showed large increases in 
concentrations up to Weeks 5 and 7, but, unlike manure NH3, 
manure sulfide levels continued to increase, peaking at Week 11 
(quadratic effect; P < 0.01) (Fig. 1B). Unfortunately, manure 
samples were lost for Week 9, which does not allow us to specu-
late if manure sulfur at Week 7 was an aberration. Sulfide concen-
trations on Week 5 were close to 100 mg g-1, reaching an average 
concentration of 138 mg g-1 between Weeks 11 and 13. These 
manure sulfide concentrations are within concentration ranges 
of 94 to 310 mg g-1 reported for deep-pit manure storage systems 
(USEPA, 2003). Headspace gas concentrations for H2S peaked 
on Week 5 (Fig. 1B). This result was different from sulfide con-
centration in manure but was similar to NH3, with no increases 
thereafter (quadratic; P < 0.01). In contrast, Spiehs et al. (2012) 
reported a linear increase in total reduced sulfur in the air over 
a 9-wk period in a similar feeding trial format; they showed that 
emissions data are highly variable, peaking on Week 7 before 
dropping by over 50% on Week 8. This is in line with field obser-
vation data showing that emissions of H2S from manure are 
highly variable (Predicala et al., 2007) and are influenced by a 
number of factors (Hoff et al., 2008; Ni et al., 2009; Blanes-Vidal 
et al., 2012; Dai and Blanes-Vidal, 2013).
Manure VFA exhibited a quadratic response (P < 0.01) over 
time, with Weeks 5 and 9 being highly elevated relative to Week 
1, but manure VFA continued to increase up to Week 13 (Fig. 
2A). Concentration of total VFA in manure averaged close to 
5500 mg g-1; these values are within field reports of 2000 to 
13,500 mg g-1 (Spoelstra, 1979; Williams and Evans, 1981; Lo 
et al., 1994; Moller et al., 2002; Leek et al., 2007; Van Weelden 
et al., 2015). Total VFA in the air exhibited a similar response 
as manure VFA, with large increases during Weeks 5 and 9 but 
still exhibiting a linear (P < 0.01) response until Week 13 (Fig. 
2A). Although VFA levels did not maximize until near the com-
pletion of the study, VFAs associated with manure do not con-
tribute significantly to total odor from manure and accounted 
for less than 1%, as previously reported in Trabue et al. (2011). 
Consequently, feeding trials running 5 to 7 wk instead of 13 wk 
will have a minimal effect on total odor emissions.
Manure phenols (Fig. 2B) and indoles (Fig. 2C) responded 
similarly over time, increasing in Week 5 but decreasing there-
after (quadratic effect; P < 0.01). Concentration of phenols and 
indoles in the air exhibited no significant changes over time (Fig. 
Fig. 1. (A) Ammonia and (B) hydrogen sulfide concentrations in 
manure and headspace gas from pigs fed a standard corn–soybean 
meal diet over 13 wk. Error bars represent SD of 12 manure tanks. 
Ammonia curve fit: headspace gas, SD = 79, P = 0.01, linear = 0.01, 
quadratic = 0.01; manure concentration, SD = 792, P = 0.01, linear = 
0.01, quadratic = 0.01. Hydrogen sulfide curve fit: headspace gas, SD 
= 0.3, P = 0.01, linear = 0.01, quadratic = 0.01; manure concentration, 
SD = 20.4, P = 0.01, linear = 0.01, quadratic = 0.01.
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2B and 2C, respectively). In our previous report, total phenols 
and indole headspace concentrations were the only chemical 
classes that were significantly correlated (Trabue et al., 2011). 
Peak concentrations of total phenols and indoles in our manure 
tank system occurred on Week 5, reaching concentrations of 
162 and 43 mg g-1, respectively. These values are similar to litera-
ture values for total phenols (58–263 mg g-1) (Spoelstra, 1977; 
Williams and Evans, 1981; Lo et al., 1994) and total indoles 
(8–44 mg g-1) (Spoelstra, 1977; Williams and Evans, 1981; Lo 
et al., 1994). Consequently, study durations of 5 wk or more 
should obtain reliable information on odorous volatile organic 
compound emissions.
The headspace concentrations of the GHGs CH4 and N2O 
are shown in Fig. 3. Methane concentrations increased largely 
until Week 5, with concentrations among Weeks 5, 9, and 11 
being relatively similar. We have no explanation for why CH4 
concentrations at Weeks 7 and 11 were substantially elevated 
relative to the other time periods. Emissions of CH4 from swine 
production are thought to be largely from manure stores, with 
minor amounts associated with the animal (Li et al. 2011). The 
large variability in our test system may be related to stability or 
to the maturity of the methanogenic community in our model 
test systems (Van Velsen, 1979; Vavilin and Angelidaki, 2005; 
Vedrenne et al., 2008). Our test system prevents residual effects 
of previous feedings because our test system is cleaned before 
each feeding trial, which is in contrast to a typical commercial 
swine facility. Liu et al. (2013) demonstrated that the age of 
the manure has a major impact on CH4 emissions from manure 
systems (in our model system the manure would be considered 
immature). Consequently, our test system may limit our ability 
to determine the effect diet formulations have on CH4 emissions 
(Trabue and Kerr, 2014).
Headspace concentrations of N2O were quite low (Fig. 3), 
with a quadratic response (P < 0.01), suggesting a maximum 
level at Week 5. Current research shows that N2O emissions are 
strongly influenced by the age of the manure, with little to no 
emissions associated with stored or aged manure (Clark et al., 
2005; Laguë et al., 2005; Costa and Guarino, 2009) and higher 
emissions of N2O with less mature manure (Amon et al., 2007; 
Philippe et al., 2009; Li et al., 2011). This indicates that our test 
system may need to be incubated for longer periods of time (13 
wk) to show the impact of diets on GHG emissions.
There was no effect of sampling time on manure pH, 
whereas manure conductivity, a measure of salt content of the 
manure, peaked at approximately Week 8 (quadratic; P < 0.01) 
(Supplemental Fig. S2). The salt content of the manure limits the 
microbial community, and higher salts tend to reduce solubil-
ity of polar compounds in solution, making compounds such as 
4-methylphenol more available for volatilization. In this study, 
conductivity peaked at 30 mS cm-1, similar to values of 22.2 ± 10 
mS cm-1 reported in the literature (Suresh et al., 2009).
Bacterial Analyses
Numbers of microbes declined significantly after Week 1 
from Log 8.02 colony-forming units (CFU) g-1 manure to Log 
6.88 CFU g-1 for anaerobes (14% decline) and from Log 7.34 
CFU g-1 to Log 6.23 CFU g-1 for aerobes (15% decline) at Week 
5 (Table 1), showing that gross levels of microbes in fresh manure 
were affected by storage duration. Microbial community struc-
tural analysis using DGGE showed a continual decline in species 
richness over time from Weeks 1 to 13. The decline in species 
Fig. 2. Volatile organic compound concentrations in manure and 
headspace gas from pigs fed a standard corn–soybean meal diet 
over 13 wk. (A) Total volatile fatty acids. (B) Total phenol compounds 
(phenols). (C) Total indole compounds (indoles). Error bars represent 
SD of 12 manure tanks. Volatile fatty acid curve fit: headspace gas, 
SD = 31.2, P = 0.01, linear = 0.07, quadratic = 0.33; manure concentra-
tion, SD = 887, P = 0.01, linear = 0.01, quadratic = 0.01. Phenols curve 
fit: headspace gas, SD = 11.6, P = 0.49, linear = 0.13, quadratic = 0.14; 
manure concentration, SD = 18.4, P = 0.01, linear = 0.01, quadratic = 
0.01. Indole curve fit: headspace gas, SD = 10.4, P = 0.46, linear = 0.33, 
quadratic = 0.58; manure concentration, SD = 15.8, P = 0.01, linear = 
0.01, quadratic = 0.01.
Fig. 3. Headspace greenhouse gas concentrations from pigs fed a 
common diet over 13 wk. Error bars represent SD of 12 manure tanks. 
Methane curve fit: SD = 8.1, P = 0.01, linear = 0.12, quadratic = 0.95. 
Nitrous oxide curve fit: SD = 0.2, P = 0.01, linear = 0.01, quadratic = 
0.01.
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richness accelerated with time, dropping by 7% (between Weeks 
1 and 5), 18% (between Weeks 5 and 9), and 37% (between 
Weeks 9 and 13) (Table 1). Analysis of species evenness showed 
similarity among tanks for Weeks 1 and 13. However, during 
Weeks 5 and 9 there appeared to be an increase in diversity 
among tanks (lower evenness value), suggesting an evolving 
microbial ecology from that derived from the large intestine of 
the pig (i.e., Week 1), so that by Week 13 the microbial evenness 
had become relatively stabilized, and therefore more reflective 
of a microbial ecology, from a mature manure relative to micro-
bial richness on Week 13 (Table 1). Diversity, as measured by 
Shannon–Weaver, declined on average by close to 11% for each 
time period. The percent of decline in diversity follows similar 
trends with the plate counts (Table 1).
Dendrograms derived from DGGE banding patterns show 
that the greatest similarities were time dependent, with simi-
larities of 59.5, 60.1, 69.8, and 61.8% for Weeks 1, 5, 9, and 13, 
respectively (Supplement Fig. S3). This suggests that, within a 
week, tanks were relatively similar to each other. When broken 
out by week of sampling, Weeks 1, 5, and 9 were relatively simi-
lar to each other at 52%, but Week 13 shifted pronouncedly, 
with only 33.8% similarity to the other weeks (Supplemental 
Fig. S3), suggesting a major shift in the microbial ecology of the 
tanks. This is evident in the significant decline in species richness 
(Table 1).
We anticipated changes in bacterial populations over time 
in the manure; however, very few publications have addressed 
microbial changes occurring over time in manure or other bio-
logical waste storage systems. In continuously stirred anaerobic 
digesters, Hoffmann et al. (2008) reported adaptations in biogas, 
acetic acid, and volatile solid concentrations and in relation to 
microbial community markers. Continuous culture models 
typically show periods of adaptation for fermentation charac-
teristics and microbial populations that are followed by relative 
population stability (Prinčič et al., 1998; Ziemer et al., 2000; 
Ricca et al., 2010). Changes in bacterial populations in manure 
are driven by the increase in nitrogen that occurs when urine is 
combined with feces. The initial bacteria come from feces, where 
the level of carbohydrate has more influence on the organisms 
present (Ziemer et al., 2009). In this study, the shift (decline) 
in the microbial diversity may be related to the chemical con-
stituents of the tanks because conditions of the storage contain-
ers reflect industrial wastewater or saltwater marshes in terms of 
salt content, an extreme anaerobic redox (-400 mV), and a fairly 
high pH (8.2) (Prieto et al., 2001). All these factors would limit 
the diversity of the microbial community. The system’s chemi-
cal characteristics appear to be driving change in the community 
rather than the community driving change in the characteristics 
of the manure
Bacterial Metabolic Fingerprinting
Biolog’s EcoPlate and AN MicroPlate were used to determine 
the metabolic fingerprint of individual tanks at Weeks 5, 9, and 
13. Cluster analysis of the metabolic plate profiles followed simi-
lar patterns seen in the DGGE analysis, with most differences 
found to be time dependent. Dendrograms derived from the 
EcoPlate showed that tanks at Week 5 were 51.7% similar, and 
this clustered separate from most of the tanks at Weeks 9 and 13 
(Supplemental Fig. S4). Two additional main clusters were seen 
in the EcoPlate data, with 46.1% similarity for half (n = 6) of the 
Week 13 tanks and 48.5% similarity for 10 tanks that included 
seven Week 9 and three Week 13 tanks (Supplemental Fig. S4). 
The AN MicroPlate data followed similar trends as the EcoPlate, 
showing time dependence in community function. The Week 5 
tanks were 40.1% similar and clustered separate from most of the 
tanks at Weeks 9 and 13 (Supplemental Fig. S5). Although a clus-
ter of 12 tanks from Weeks 9 and 13 emerged with only 23.7% 
similarity, a smaller cluster (n = 6) of Week 13 tanks within this 





Total Gram positive Gram negative Total Gram positive Gram negative
----------------------------------------------------------------------------------------------------------------------------------------------------------- CFU† mL-1 manure -----------------------------------------------------------------------------------------------------------------------------------------------------------
1 8.02a‡ ND§ ND 7.34a ND ND
5 6.88b 7.80a 7.44a 6.23b 5.21 5.96a
9 6.99b 6.62b 6.05b 5.56c 5.26 5.30a
13 6.85b 6.33c 6.35b 5.26c 5.08 4.09b
SEM 0.09 0.09 0.13 0.24 0.09 0.34
P value ≤0.001 ≤0.001 ≤0.001 ≤0.001 ≤0.335 ≤0.002
Week
DGGE¶
S (species richness) E (species evenness) H¢ (Shannon–Weaver index)
1 12.2a 0.94a 2.32a
5 11.3ab 0.88b 2.11a
9 9.3b 0.85c 1.87b
13 5.9c 0.95a 1.66b
SEM 0.69 0.009 0.084
P value ≤0.01 ≤0.01 ≤0.01
† Colony-forming units.
‡ Values are means. Letters represent statistically different groups (P ≤ 0.05).
§ Not determined.
¶ Denaturing gel gradient electrophoresis.
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larger cluster had 50.6% similarity. The cluster analysis from both 
the EcoPlate and AN MicroPlate data indicates that the meta-
bolic fingerprint for most tanks continues to shift after Week 5, 
resulting in approximately 50% similarity for half the tanks at 
Week 13 (Supplemental Fig. S4 and S5). This is generally sup-
ported by the DGGE banding patterns where Week 13 tanks 
were only 38.8% similar to tanks in Weeks 1, 5, and 9 and by the 
decline in bacterial plate counts by Week 13 (Table 1).
Principle component analysis was used to analyze substrate 
utilization patterns in comparison to other substrates. Principle 
component analysis demonstrated a general shift in EcoPlate 
substrate utilization over time, showing a loss in the utilization 
of certain substrates (e.g., N-acetyl-D-glucosamine) and a gain in 
the utilization of other substrates that form small acids. For AN 
MicroPlate plates, the shift in utilization was seen in the loss in 
the use of D-gluconic acid and N-acetyl-D-galactosamine over 
time but showed a gain of D,L-lactic acid, b-hydroxybutyric acid, 
and L-lactic acid (Supplemental Fig. S6).
Collectively, the metabolic fingerprints indicate that the sub-
strate utilization patterns continue to shift after Week 5, with a 
loss of utilization for certain substrates and a gain in utilization 
for other substrates by Week 13. In general, as the weeks progress 
there is a shift in dependence in substrate utilization from sugars 
and certain amino acids to short-chain acid compounds, includ-
ing polymers, that degrade into acid compounds (Kishore et al. 
2011). The increase in utilization of acidic substrates by tanks 
at Week 13 also mirrors an increase in VFAs in the manure by 
the end of the study (Fig. 2). This suggests that at the later time 
periods the microbial community contains a greater abundance 
of microorganisms using small acids due to their accumulation in 
the manure system. Overall, the DGGE cluster analysis and the 
metabolic fingerprinting suggest that there is a shift in the micro-
bial populations within the manure storage tank over time, and 
this shift is related to changes in substrate availability and to the 
changing chemical nature of the manure. However, the relative 
stability of manure concentrations for NH3, sulfide, phenols, and 
indole compounds along with the emission of those compounds 
shows that, despite changing microbial community structure 
and function, there is a high level functional redundancy in the 
processing of nutrient inputs.
Conclusions
Manure chemical characteristics and volatilization stabilize 
quickly (within 5 wk) after starting a swine feeding trial, with 
volatilization being more uniform in stabilization than manure 
chemical characteristics. However, the microbial community 
structure and metabolic function were constantly changing 
throughout the 13-wk feeding trial. Taken in its entirety, the 
microbial, manure, and air data suggest that when fresh urine 
and feces are added daily to a manure collection system, a mini-
mum of 5 wk is needed for evaluating manure composition and 
air emission for determining the impact of diets on emission. 
However, if swine diets are being formulated to lower GHG 
emissions, feeding trials should be extended past 13 wk.
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